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Imaging of surface topography and elasticity of living cells can provide insight into the roles played by
the cells’ volumetric and mechanical properties and their response to external forces in regulating the
essential cellular events and functions. Here, we report a unique technique of noncontact viscoelastic
imaging of live cells using atomic force microscopy (AFM) with a long-needle glass probe. Because only
the probe tip is placed in a liquid medium near the cell surface, the AFM cantilever in air functions well
under dual-frequency modulation, retaining its high-quality resonant modes. The probe tip interacts with
the cell surface through a minute hydrodynamic flow in the nanometer-thin gap region between them
without physical contact. Quantitative measurements of the cell height, volume, and Young’s modulus are
conducted simultaneously. The experiment demonstrates that the long-needle AFM has a wide range of
applications in the study of cell mechanics.
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I. INTRODUCTION

Mechanical stresses and response of living cells to the
resulting deformations play important roles in cell contrac-
tion, spreading, crawling, wound healing, invasion, and
division [1–6]. Many aspects of a cell’s motility, differ-
entiation, and cancerization are also governed by the stress
and elasticity of its surroundings [7–14]. Understanding the
microscopic origin of the mechanical properties of the cell
and its relation to the underlying cell structure and response
is, therefore, essential tomechanobiology. For these reasons,
the past decades have witnessed a growing interest in
developing various novel techniques to measure the visco-
elastic property of living cells ranging from micropipette
aspiration [15,16], microplate manipulation [17], and col-
loidal probe indentation [18,19] to magnetic and optical
tweezers [20,21], and microrheological methods based on
single particle tracking [22,23]. Among these methods,
atomic force microscopy (AFM) techniques have served
as an effective and versatile platform for both the high-
resolution imaging of a cell’s surface topography and
the measurement of forces and elasticity of living cells
[24–27]. They have been used to study a wide range of
problems in cell biology, such as a cell’s adhesion, loco-
motion, differentiation, division and shape, cytoskeleton
remodeling, and tissue development [7,8,25,26,28–35].
Although considerable progress has been made in recent

years to develop various techniques tomeasure themechani-
cal property of living cells, the current technology still faces
many challenges and has considerable limitations in accu-
rately determining the elastic modulus of either very thin

films or very soft materials, such as live cells. For example,
the Young’s modulusE of living cells measured by different
techniques varies by 3 orders of magnitude from 0.1 to
100 kPa [26]. This is caused by several reasons. First, the
theoretical models that are used to calculate E are often
oversimplified with assumptions that barely approximate
the actual geometry and complex structure of live cells. An
accurate determination of cell elasticity requires a reliable
model, which can accommodate the actual measurement
geometry. Second, many of the advanced AFM techniques,
such as frequency modulation and dual-frequency imaging
[36,37], are originally designed for operation in air and do
not function well in a liquid environment for a biology
experiment [38]. The motion of the AFM cantilever is
severely damped by the fluid viscosity, and the piezoelectric
shaker used to drive the cantilever also generates unwanted
flow modes near the probed surface. As a result, the AFM
imaging and force measurement for live cells become
difficult and time consuming and require extensive working
experience and a great deal of patience [26]. Finally, as will
be shown below, living cells have a heterogeneous surface
and their elasticity varies significantly among different
locations of the cell and at different stages of the cell cycle.
Therefore, an imaging method is needed in order to have a
spatially resolved elasticity map of live cells. In addition, as
the living cells are rather soft and delicate, a strong direct
forcing on the plasma membrane and cytoskeleton cortex
with a sharp tip may penetrate through the membrane,
causing cell damage and probe contamination during the
mechanical measurement [23,39,40].
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In this paper, we report a unique design of
“long-needle” AFM under dual-frequency modulation with
one being the standard light tapping for surface topography
and the other being frequency locked at resonance for
viscoelastic mapping. This AFM setup combined with the
newly developed linear elastohydrodynamic (EHD) theory
[41,42] overcome the experimental difficulties mentioned
above and provide a sensitive and versatile imaging tool for
simultaneous noncontact measurements of cell height
(topography), volume, and spatial distribution of the
Young’s modulus of living cells. Our experiment verifies
the technique and demonstrates its applications. This work
thus may lead to the study of a range of interesting
phenomena in cell mechanics with nanoscale resolution.

II. WORKING PRINCIPLE OF
THE LONG-NEEDLE AFM

Figure 1 shows how the long-needle AFM works for
noncontact mechanical measurement of living cells in a
liquid medium. The long-needle probe consists of a long
vertical glass fiber with one end glued onto the front end of a
cantilever beam and the other end immersed through a thin
liquid layer. The overall dimension of the glass fiber is
designed with fiber length l ¼ 100–200 μm, diameter
d ¼ 1–3 μm, and tip radius R ¼ 50–1000 nm. With this
design, the cantilever functions well in air without introduc-
ing extra disturbances to the system and the overall viscous
damping ξ on the long needle is minimized [38,43–45].

Figure S1 in the Supplemental Material [46] shows the first
two resonant modes of the long-needle cantilever. The values
of the quality factor Q of the first two resonant modes are,
respectively, 10 and 35, which are much larger than the
typical Q value (2 to 4) for the same type of cantilever fully
immersed in a liquid, which is used in the conventional
method. As a result, themodified cantilever can still retain its
high-quality resonant modes when the fiber tip is placed
near the cell surface in a liquid medium. A thin layer of
poly(L-lysine)-graft-poly(ethylene glycol) is coated on the
glass fiber, which effectively reduces the contact line pinning
at the liquid interface andprovides a high degree of resistance
to protein adsorption on the fiber in contact with a culture
medium [49].
The living cells cultured on a coverslip are placed in an

AFM fluid chamber (see Fig. S5). The thickness of the
liquid layer above the coverslip is controlled in the range of
50–100 μm by using two syringe pumps (LSP02-1B,
Longer) for suction and infusion, respectively. The AFM
cantilever holder is mounted on the top of the chamber,
which is covered by a flexible rubber diaphragm to
minimize the evaporation of liquid inside the chamber.
There is an extra hole on the sidewall of the chamber
(pointed to by an arrow), which is used for slow infusion of
a humidified gas mixture of 95% air and 5% CO2.
The AFM is operated under the dual-frequency modu-

lation mode, as sketched in Fig. 1(c). Two driving signals
with different frequencies (blue and red signals) are used to
simultaneously excite two independent vertical oscillation
modes of the cantilever. In this case, the fiber tip is
oscillated with the same frequencies at a distance D away
from the cell surface and interacts with the cell through the
hydrodynamic flow, as shown in the inset of Fig. 1(a). The
first driving signal is used for the standard tapping mode
with its frequency fixed near the first resonance of the
cantilever. Under the tapping mode (blue box), the oscil-
lation amplitude A1 is kept at the set-point value by
adjusting the cantilever’s vertical position hðA1Þ, which
provides the surface topography of the cell and the precise
value of the cell height. From the measured h, one can
accurately calculate the cell volume by integrating h over
the occupied area of the cell.
The second driving signal is used for the frequency

modulation (FM) mode with its frequency locked exactly at
the second resonance of the cantilever. Under the FM mode
(red box), the motion of the modified cantilever is well
described by the equation [43,44,50],

m̈zþ ξ_zþ kcz ¼ F2 cosðωtÞ − fhðDÞ; ð1Þ

where m is the effective mass of the modified cantilever,
ξ_zðtÞ is the drag force acting on the fiber with ξ being its
friction coefficient, kcz is the elastic restoring force due to
the bending of the cantilever with a spring constant kc,
F2 cosðωtÞ is the driving force with amplitude F2 and

FIG. 1. Schematic of the system. (a) Sketch of the experimental
setup. The inset shows the flow geometry in the gap region
between the fiber tip and cell surface. (b) A scanning electron
microscope image of the actual long glass fiber of diameter d≃
2.5 μm and length l≃ 180 μm. The inset shows a magnified
image of the fiber tip with radius R≃ 200 nm. (c) A flowchart
showing the AFM controls for simultaneous topographic and
viscoelastic mapping with dual-frequency modulation (see text
for more details).
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angular frequency ω, and −fhðDÞ is the hydrodynamic
reaction force on the needle tip resulting from deformations
of the cell surface. With the EHD theory [41,42], one has
fhðDÞ ¼ K�ðDÞz, where zðtÞ ¼ A2 cosðωtþ φ2Þ is the
resulting tip oscillation, and K�ðDÞ≡ K0ðDÞ þ iK00ðDÞ
is the complex dynamic response function, which contains
information about the elastic modulus E and viscosity η
of the cell.
Under the FM mode, ω is continuously adjusted via a

phase-lock loop to keep the modified cantilever at the
in situ resonance with φ2 ¼ −90°. One can then solve
Eq. (1) and obtain ω ¼ ω0 ¼ ½ðkc þ K0Þ=m�1=2 and F2 ¼
A2ðK00 þ ξω0Þ (see Sec. II of the Supplemental Material
[46] for more details). Another feedback loop is used to
keep the oscillation amplitude A2 at a constant set point
(typically 1–2 nm) by varying F2, so that one can obtain K0
and K00, respectively, from the measured resonant fre-
quency ω0 and dissipative force F2. In contrast, the phase
φ1 under the tapping mode contains convoluted informa-
tion about K0 and K00 and thus is not used in this experi-
ment. The spacial resolution for the noncontact AFM
imaging is determined by the lateral extension of the flow
in the gap region, as sketched in the inset of Fig. 1(a). This
region is of the order of ð2RDÞ1=2 ≃ 100 nm for D≃
10 nm and R≃ 500 nm [42,51], which are typical values
used in the experiment. Similarly, the vertical impact region
in the cell is also of the order of ð2RDÞ1=2 ≃ 100 nm,
which is large enough to sense the cortical network
underneath the cell membrane. Because the size of this
impact region is much smaller than the penetration length
of the oscillatory flow (several micrometers) [44], it will
oscillate together with the oscillatory flow without much
time delay and thus the measured cell response is essen-
tially its static value independent of the actual oscillation
frequency ω used.

III. HYDRODYNAMIC RESPONSE
OF LIVING CELLS

To demonstrate the working principle of the long-needle
AFM and find an optimal working distance D for visco-
elastic imaging, we first conduct the AFM measurements
with varying values of D at a fixed location of the cell. The
measurement is made at a constant speed u under the dual-
frequency modulation mode. Figure 2 shows the simulta-
neously measured amplitude A1 and phase φ1 near the first
resonance of the cantilever, resonant frequency f0, and
driving voltage V0 at the second resonance of the canti-
lever, and the steady-state dc value of the cantilever
deflection z as a function of surface separation D between
the needle tip and cell surface. It is seen that all the
monitored signals show sharp changes as the needle tip
approaches the cell surface. In particular, we observe a
sudden increase of the deflection z when A1 becomes
∼25% of its free amplitude at a far distance [see Figs. 2(a)
and 2(e)]. This is caused by the fact that when the needle tip

touches the cell surface, its elastic repulsion forces the
cantilever to reverse its bending direction and the deflection
z reveals a sharp rise as the z-axis piezoelectric motor goes
down further. This upturn point is thus used to define the
contact point D ¼ 0. In the actual cell imaging, we use the
amplitude A1 as a feedback to control the tip-sample
distance D. Typically, we set the feedback value of A1

to be 4–6 nm, which is ∼60% of the free amplitude, to
ensureD≃ 10 nm even for rough surfaces. In this way, the
contact damage to the live cell during the viscoelastic
imaging is minimized.

FIG. 2. Simultaneously measured (a) amplitude A1, (b) phase
φ1, (c) resonant frequency f0, (d) driving voltage V0, and
(e) deflection z of the AFM cantilever as a function of surface
separation D between the needle tip and cell surface. The
measurement is made with the needle tip approaching the cell
surface at a constant speed u ¼ 100 nm=s. The gray dashed line
in (e) illustrates the traditional elastic measurement on living cells
by a forced indentation.
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The above procedure is well defined in the AFM
tapping-mode operation, and the noncontact viscoelastic
imaging referred in this paper is relative to the contact point
D ¼ 0, as defined above. For many cells, their surfaces are
actually very rough with protrusions, such as microvilli,
microridges, and other brushlike structures [52]. If these
protrusions are so soft that they do not affect the value of
the feedback signal A1, then they are irrelevant to the
viscoelastic imaging attempted here. If these protrusions
are elastic, the value of the feedback signal A1 will change
when the needle tip approaches the protrusion surface. In
this case, the z-axis piezoelectric motor is adjusted based on
the measured amplitude A1 during the imaging to keep the
tip-cell distance D constant relative to the well-defined
contact point. This feedback mechanism is essentially the
same as that for the conventional tapping mode AFM,
which is capable of imaging the morphology of elastically
rough surfaces.
Figures 2(c) and 2(d) show the simultaneously measured

resonant frequency f0 and driving voltage V0, which are
obtained under the frequency modulation mode at the
second resonant frequency of the AFM cantilever. Here,
V0 is connected to the driving force F2 ¼ cV0, where c is a
calibration constant of the electromagnetic actuator (iDrive,
Asylum Research). The values of f0 and F2, which are
independent of A1 and φ1 at the first resonance, are used to
calculate the response function K0ðDÞ and K00ðDÞ.
Figure 3 shows the measured K0ðDÞ and K00ðDÞ as a

function of D for a living Hela cell. Here, we have
subtracted out the small background contributions from
the surrounding liquid and liquid-air interface above the
needle tip [53]. These background contributions have been
carefully studied in recent experiments [43,44,54,55].

The measured K�ðDÞ shows a sharp crossover behavior
from an initial rapid increase with decreasing D for large
D (≳Dc) followed by a plateau region with D < Dc. The
crossover distance Dc is about 100 nm (green vertical
dotted line). At large distance (D≳Dc), the fluid layer in
the gap region is forced to drain in and out of the gap at the
resonant frequency ω0, generating a hydrodynamic pres-
sure in the region. In this viscous regime, the response is
dominated by the out-phase component,

K00ðDÞ ¼ 6πη0ω0R2

D
; ð2Þ

which gives rise to the Reynolds damping force FhðDÞ≃
K00ðDÞA2 between a (rigid) oscillating sphere and a rigid
flat substrate [41,56]. Here, η0 is the fluid viscosity and
FhðDÞ is the amplitude of the reaction force fhðDÞ. In this
regime, the flow pressure fhðDÞ=2πRD is weak and does
not indent the cell surface significantly. As a result, the real
part K0ðDÞ is very small. As D decreases, the viscous
pressure increases. When D becomes small enough
(D ≪ Dc), the cell surface cannot sustain the viscous
pressure anymore and starts to deform and accommodate
for most of the tip displacement A2. In this “elastic regime,”
the fluid layer in the gap region is no longer expelled out of
the gap, so that K00ðDÞ does not diverge as 1=D. Instead, it
saturates at a constant value K00

0 (≃0.15 N=m). If the cell
surface were perfectly elastic, K0ðDÞ would be expected to
eventually become larger than K00ðDÞ [41,42]. The fact that
the measured K0

0 < K00
0 suggests that the cell surface is

viscoelastic.
The measured K�ðDÞ can be well described by the linear

EHD theory, which predicts that [41,42]

K�ðDÞ ¼ i
6πη0ωR2

D
~p�
�
D
Dc

; α; β

�
; ð3Þ

where ~p�ðD=Dc; α; βÞ is a dimensionless complex
correction function due to the cell compliance. It
contains two dimensionless mechanical parameters,
α ¼ ðh=RÞðE=η0ωÞ1=3 and β ¼ ðh=RÞð3η=η0Þ1=3, which
include the Young’s modulus E, viscosity η, Poisson ratio
ν, and height h of the cell. The numerically calculated
Eq. (3) (black solid lines in Fig. 3) is found to fit the data
well. There are two fitting parameters in Eq. (3), E and η,
and the other parameters have been predetermined in the
experiment (see Sec. III of the Supplemental Material [46]
for more details).
In a previous experiment [53], the basic working

principle of the long-needle AFM together with the
EHD theory have been tested and verified using a standard
polymer sample of polydimethylsiloxane (PDMS) thin
films [53]. A consistent value of E≃ 600 kPa was obtained
for different values of the film thickness (250–900 nm) and
fiber tip radius (800 and 220 nm). This value of E agrees

FIG. 3. Measured response functionK�ðDÞ for a livingHela cell.
The real part K0ðDÞ (red circles) and imaginary part K00ðDÞ (red
triangles) ofK�ðDÞ are obtained when a long-needle probewith tip
radius R ¼ 355 nm approaches the cell surface. The blue dashed
line shows theReynolds damping [Eq. (2)] for a rigid substrate, and
the green dotted vertical line indicates the crossover distance
Dc ≃ 100 nm. The black solid lines show the fits of the numeri-
cally calculated Eq. (3) to the data with the cell Young’s modulus
E ¼ 58� 5 kPa and viscosity η ¼ 11.9� 2.4 cP.
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well with those obtained by other methods, such as the
surface force apparatus [42] and centimeter-sized indenter
[57]. Here, the obtained value of E ¼ 58� 5 kPa for the
live Hela cell is at the high end of the modulus range
obtained from other measurements [26]. This is probably
caused by the fact that the stiffer cortical actin network
underneath the cell membrane plays a dominant role in our
AFM measurement, whereas the obtained values of E by
other methods under a larger cell deformation contain more
contributions from the softer cytoplasm inside the cell.

IV. ANALYTICAL EXPRESSION OF THE
HYDRODYNAMIC RESPONSE FUNCTION ~pð0;α;βÞ
To conduct noncontact viscoelastic measurement on

living cells, we use the tapping mode to set the value of
D in the elastic response regime (∼10 nm) and measure the
saturated valuesK0

0 andK
00
0 under the FMmode. Because of

the fluid layer in the gap region, the needle tip is not in
direct contact with the cell surface so that it will not
penetrate through nor adhere to the cell membrane. Under
light tapping, the amplitude A1 is set to a chosen set-point
value during the AFM scanning. With the same feedback
value of A1, the distance D may vary slightly at different
locations of the cell because of the surface heterogeneity.
The measured K00

0 is not sensitive to the small variations of
D, as it is already saturated at small distances D ≪ Dc, as
shown in Fig. 3. Being operated at a resonant state, the
long-needle AFM amplifies the signal and thus can
accurately detect minute changes of the cell surface caused
by an oscillatory draining flow in the nanoscale gap region.
To simplify the conversion of the AFM elastic map, we

conduct a numerical analysis of Eq. (3) and find a
simplified expression for

K00
0 ≃ 6πη0ωR2

Dc
~pð0; α; βÞ; ð4Þ

where

~pð0; α; βÞ≡ lim
D→0

Dc

D
Re

�
~p�
�
D
Dc

; α; β

��
ð5Þ

is an analytical function of α and β with Re½ ~p�ðD=Dc; α; βÞ�
being the real part of ~p�ðD=Dc; α; βÞ. The analytical
expression of ~pð0;α; βÞ is obtained at the small distance
limit D ≪ Dc, which allows us to directly compute the
Young’s modulus E at each location of the cell from the
simultaneously measured values of the out-of-phase hydro-
dynamic responseK00

0 , resonant frequencyω0, and cell height
h, without involving the in-phase hydrodynamic responseK0
and complicated numerical solution of Eq. (3). Because the
oscillating fiber is coupled to the elastic deformation of the
cell surface through a draining flow in the gap region, there is
a 90° phase change between the fiber oscillation and the
response function K�ðDÞ of the cell surface. As a result of

this viscous coupling (as opposed to the elastic coupling by
direct contact), the out-of-phase hydrodynamic responseK00

0

is more closely connected to the cell’s elasticity, instead of its
viscosity.
To find the functional form of ~pð0; α; βÞ, we first

consider an elastic film of thickness h on a rigid substrate,
which is immersed in a fluid of viscosity η0, and a rigid
spherical probe of radius R is placed at a distance D above
the film and oscillates at a frequency ω. We apply the linear
EHD theory [41] in the gap region as shown in the inset of
Fig. 1 and find that the asymptotic value K00

0 in the small-D
limit takes the form

K00
0 ∼ η0ωRðE=η0ωÞ2=3; ð6Þ

for large h and

K00
0 ∼ η0ωRðR=hÞðE=η0ωÞ1=3; ð7Þ

for small h. The crossover between the two regimes
occurs when the two quantities become equal with
ðE=η0ωÞ1=3 ¼ R=h. We thus define a dimensionless param-
eter α ¼ ðh=RÞðE=η0ωÞ1=3 to describe the elastic property
of the cell. Similarly, we define another dimensionless
parameter β ¼ ðh=RÞðE00=η0ωÞ1=3, with E00 ¼ 2ð1þ νÞηω
to describe the viscous property of the cell. We expect that
K00

0 has a scaling form as shown in Eq. (4) for viscoelastic
cells. When β ¼ 0, Eq. (4) should recover to the pure elastic
form with ~pð0; α ≫ 1; 0Þ≃ 1 and ~pð0; α ≪ 1; 0Þ≃ 1=α,
which are the proper asymptotic values of K00

0 in the two
limiting cases.
Figure 4(a) shows the calculated ~pð0; α; βÞ as a function

of α for different values of β (symbols) using the numerical
solution of Eq. (3). In the numerical calculation, α is varied
from 0.05 to 100 (3.5 decades) and β is varied from 0.2 to
20 (2 decades), in order to cover a wide range of
viscoelasticity for living cells. The solid line shows the
asymptotic expression of ~pð0; α; 0Þ if the cell is purely
elastic and its viscosity η can be ignored,

~pð0; α; 0Þ≃ n0 þ 6.05=α; ð8Þ
where n0 ¼ 1.163 79 is the asymptotic value of ~pð0; α; 0Þ
for a thick film (α ≫ 1). The second term on the right-hand
side of Eq. (8) is the correction term for a thin film.
Equation (8) agrees well with the numerical solution for
β ¼ 0 (black solid squares). Deviations from the solid line
are found for different values of β, indicating that the
hydrodynamic response function is indeed sensitive to the
change of cell viscosity.
Figure 4(b) shows a scaling plot of ~pð0; α; βÞ½1þ

0.12ðβ=αÞ2� as a function of α=ð1þ 0.2βÞ. All the curves
with different values of α and β collapse onto a single
master curve in this plot. It is found that the universal
scaling curve in Fig. 4(b) can be well described by the
equation (solid line),
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~pð0; α; βÞ≃ n0 þ 6.05ð1þ 0.12βÞ=α
1þ 0.12ðβ=αÞ2 : ð9Þ

When β → 0, Eq. (9) recovers to Eq. (8) for a pure
elastic film.
In the experiment, we find that while the Young’s

modulus E varies considerably at different positions on
the cell surface, the viscosity η does not change much with
the position. As shown in Fig. S2 of the Supplemental
Material [46], the measured cell viscosity at two different
locations does not show strong site dependence and is
approximately 10 times larger than that of water. Therefore,
we fix the value of η at 10 cP, which gives β ¼
ðh=RÞð3η=η0Þ1=3 ≃ 3.11h=R. With this fixed value of β,
Eq. (4) becomes

K00
0 ¼

�
6πη0ωR2

Dc

�
n0 þ 6.05ð1þ 0.373h=RÞ=α

1þ 1.16½h=ðRαÞ�2 : ð10Þ

In the above, there is only one unknown parameter α,
which is directly linked to the Young’s modulus E ¼
η0ωðαR=hÞ3. Equation (10) is used for the conversion of
the AFM elastic map.

V. ELASTIC MAPPING OF LIVING CELLS

Figure 5 shows the AFM images of a living Hela cell
cultured in the DMEM buffer. The cell height image
[Fig. 5(a)] and its three-dimensional (3D) plot [Fig. 5(e)]
clearly reveal the cell boundary and topography. Detailed
cell structures, such as lamellipodia and filopodia protru-
sions [pointed out by the arrow in Fig. 5(a)], are clearly
observed. The cell height h varies from a fraction of
microns near the boundary to about 4.5 μm at the center.
The measured cell volume is V ≃ 1.9 × 103 μm3. The
images of resonant frequency ω0 [Fig. 5(c)] and dissipative
force F2 [Fig. 5(d)] show a clear contrast between the cell
and collagen-coated coverslip substrate. The values of F2

among different part of the cell vary in the range of 3–4 nN.
This is a relatively weak force compared with the cell
motility forces (∼50 nN) [58], steric forces from the cell
surface (∼50 nN) [52,59], and forces used in other
mechanical measurements (in the range of 1–200 nN)
[16–18]. Therefore, the AFM-induced disturbances to
the living cell will be minimal. Yet, FM mode AFM at
the resonance is so sensitive to accurately detect F2.
Similarly, we conduct AFM imaging of Xenopus muscle

FIG. 4. (a) Calculated ~pð0; α; βÞ as a function of α for different
values of β (color symbols) using the numerical solution of
Eq. (3). The black solid line shows the analytical solution
~pð0; α; 0Þ given in Eq. (8). (b) Scaling plot of ~pð0; α; βÞ½1þ
0.12ðβ=αÞ2� as a function of α=ð1þ 0.2βÞ. The data used are the
same as those in (a). The black solid line is the analytical solution
~pð0; α; βÞ given in Eq. (9).

FIG. 5. AFM images of a living Hela cell. (a),(b) Images of cell
height h and phase φ1 obtained under the tapping mode. (c),(d)
Images of resonant frequency ω0 and dissipative force F2

simultaneously obtained under the FM mode. (e) 3D height
image converted from (a). (f) Image of Young’s modulus E
converted from images (a),(c),(d). The scale bar is 10 μm for
all figures.
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cells cultured in the phosphate-buffered saline buffer. The
AFM images shown in Fig. S3 of the Supplemental
Material [46] clearly reveal the surface texture and cytos-
keletal bundles of the cell.
The image of Young’s modulus E [Fig. 5(f)] is obtained

using Eq. (10) together with the simultaneously measured
values of F2 [Fig. 5(d)], ω0 [Fig. 5(c)], and h [Fig. 5(a)].
The measured values of E among different parts of the cell
vary in the range of 10–80 kPa, which is a typical range of
E reported in the previous single-point measurements of E
on the cell [26]. Figures 5(f) and 5(a) reveal an important
feature of this Hela cell, which is elastically polarized with
larger values of E on the side with many protrusions than
those on the other side of the cell. Lamellipodia and
filopodia protrusions are known to be on the leading
edge of the cell and play important roles in sensing and
cell-to-cell interactions during the cell migration. This
process involves an active polymerization of actin cytos-
keleton on the leading edge of the cell [30,31], which can

build up a gradient in actin concentration and thus lead to a
polarization of the Young’s modulus along the direction of
cell migration.

VI. MECHANICAL CHANGES DURING
THE CELL DIVISION

To further demonstrate the application of the long-
needle AFM, we examine how the volumetric and elastic
properties of a living cell change during the cell division.
Figure 6 shows the optical (first row) and AFM (second
and third rows) images of living Hela cells at four different
stages of the cell division. The optical and AFM images
are obtained simultaneously under the same cell condi-
tions. It is seen that the AFM image of 3D cell height
captures the same cell shape as the optical image does. The
characteristic changes of cell morphology, as shown in
Figs. 6(a)–6(d), are used as the hallmark to distinguish the
different stages that the cell is at during the cell division.

FIG. 6. Mechanical changes during the cell division. Optical image (first row) and AFM images of 3D height h (second row) and
Young’s modulus E (third row) of living Hela cells at four different stages of the cell division: interphase (a), mitosis (b), cytokinesis (c),
and two daughter cells after division (d). (e)–(g) Histograms of the measured E in (a)(iii), (b)(iii), and (c)(iii), respectively. (h) Variations
of the cell volume V at the four stages of the cell division. The scale bars are 10 μm.
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Figure 6(a) (first column) shows the Hela cell in interphase
before entering the mitotic phase. The cell spreads fully on
the substrate, and its elastic map shows large spatial
variations in the Young’s modulus E. To further quantify
the spatial heterogeneity of the elastic map, we plot, in
Fig. 6(e), the histogram HðEÞ of the measured E from
different pixels. The obtained HðEÞ in interphase shows a
broad distribution with E varied in the range 10–80 kPa
and mean value Ē≃ 30 kPa. It is a decaying function
peaked at the lower end of E, indicating that most of the
cell is soft.
Figure 6(b) (second column) shows that the Hela cell

undergoes a significant morphology change from a highly
spread state to a confined spherical shape, which is a
hallmark of the cell entering the mitotic phase [32,33]. It is
seen that the cell height is increased almost three times
(∼12 μm) compared with its value in interphase (∼4 μm).
It is found that the cell during the mitosis becomes
mechanically stiffer and more homogenous. This finding
is also quantitatively represented in the measured histogram
HðEÞ, which shows a narrow distribution with a sharp peak
at Ē≃ 44 kPa [Fig. 6(f)]. Recent studies of cell mitosis
[32–35] suggested that the observed mitotic rounding
and stiffening are associated with a profound structural
change of the cortical actin network underneath the plasma
membrane. The actin filaments in interphase form a
branched outward-growing network capable of pushing
the membrane to generate protrusions for cell spreading.
When a cell enters mitosis, its actin filaments are aligned to
form a dense network parallel to the plasma membrane,
increasing the rigidity of the cortex and providing a support
for cell division. Figure 6 thus demonstrates that the
long-needle AFM is capable of providing quantitative
information to further understand the interplay between
the cell rounding, cortical stiffening, and cell adhesion
weakening during the early stage of mitosis and find their
correlations with the spindle formation and dynamics
during mitosis [34,35].
Figure 6(c) (third column) shows the Hela cell in

cytokinesis, in which the cytoplasm of the cell split up
and two new cells begin to form with roughly equal shares
of cellular components. The measured elastic map in
cytokinesis shows the development of spacial hetero-
geneities, especially in the cleavage region, which appears
softer than the rest of the cell. Compared with Fig. 6(f), the
modulus peak of the measured HðEÞ shown in Fig. 6(g)
broadens while the peak height decreases and peak position
shifts toward the lower values of E (i.e., becoming softer).
As shown in Fig. 6(d) (fourth column), when the daughter
cells enter interphase after the cell division, they acquire
similar features as those shown in Fig. 6(a) [see Fig. S4 in
the Supplemental Material [46] for the measured HðEÞ].
Figure 6(h) shows how the cell volume V changes

during the cell division. The values of V are obtained by
integrating the cell height images in the second row of

Fig. 6. The volume of the Hela cell increases ∼50% when it
enters the mitosis stage and remains unchanged during
cytokinesis. The daughter cells continue to grow after the
cell division and their total volume is finally doubled
compared to the mother cell.

VII. SUMMARY

The above results clearly demonstrate that the long-
needle AFM technique is a powerful tool for the study of
evolution of the volumetric and elastic properties of a living
cell during the cell division and differentiation. What is
unique about the long-needle AFM is that it takes advan-
tage of the useful features of the recently developed AFM
methods and integrates them into a coherent design for
high-quality and quantitative viscoelastic imaging of live
cells. The noncontact dual-frequency imaging mode has a
high spatial resolution down to 50–100 nm in a liquid
medium, which allows us to observe several interesting
features on a live cell surface, such as actin-filament
bundles, lamellipodia protrusions, spatial variations, and
polarization of the cell’s elastic map, and evolution of the
cell’s elasticity during different stages of cell division. The
simultaneous imaging of the cell’s morphology and elas-
ticity typically takes about 7 min to scan an area up to
90 × 90 μm2 at the resolution of 256 × 256 pixels. This
scanning speed thus allows one to conduct real-time
AFM imaging of live cells under different biological
conditions.
Like any promising AFM technique for live cell

imaging, the long-needle AFM needs to be employed
to a wide class of living cells under different sample
situations. We find that good attachment of the cell to the
substrate and a relatively clean surface of the cell without
contaminating the scanning fiber tip by protein adsorp-
tion are two essential requirements for a better visco-
elastic imaging of the living cells. With the combined
quantitative information of the live cell’s morphology,
volume, and elastic modulus, one will be able gain insight
into the major roles played by the cell’s volumetric and
mechanical properties and their response to external
mechanical cues in regulating the essential cellular events
and functions at an integrated molecular and cellular
level.
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